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ABSTRACT: We previously provided experimental evidence that
an extensive network of hydrogen bonds exists near the oxygen-
evolving Mn4CaO5 cluster in photosystem II and that elements of
this network form part of a dominant proton-egress pathway leading
from the Mn4CaO5 cluster to the thylakoid lumen. The evidence was
based on (i) the elimination of the same ν(CO) mode of a
protonated carboxylate group in the S2-minus-S1 FTIR difference
spectrum of wild-type PSII core complexes from the cyanobacterium
Synechocystis sp. PCC 6803 by the mutations D1-E65A, D2-E312A,
and D1-E329Q and (ii) the substantial decrease in the efficiency of
the S3 to S0 transition caused by the mutations D1-D61A, D1-E65A, and D2-E312A. The eliminated ν(CO) mode
corresponds to an unidentified carboxylate group whose pKa value decreases in response to the increased charge that develops on
the Mn4CaO5 cluster during the S1 to S2 transition. In the current study, we have extended our work to include the ν(CO)
regions of other Sn+1-minus-Sn FTIR difference spectra and to additional mutations of residues inferred to participate in networks
of hydrogen bonds near the Mn4CaO5 cluster or leading from the Mn4CaO5 cluster to the thylakoid lumen. Our data suggest that
a different carboxylate group has its pKa value increased during the S2 to S3 transition and that a third carboxylate group
experiences a change in its environment during the S0 to S1 transition. The pKa values that shift during the S1 to S2 and S2 to S3
transitions appear to be restored during the S3 to S0 transition. The D1-R334A mutation decreases or eliminates the same ν(C
O) modes from the S2-minus-S1 and S3-minus-S2 spectra as mutations D1-E65A, D2-E312A, and D1-E329Q and substantially
decreases the efficiency of the S3 to S0 transition. We conclude that D1-R334 participates in the same dominant proton-egress
pathway that was identified in our previous study. The D1-Q165E mutation leaves the ν(CO) region of the S2-minus-S1 FTIR
difference spectrum intact, but it eliminates a mode from this region of the S3-minus-S2 spectrum. We conclude that D1-Q165
participates in an extensive network of hydrogen bonds that that extends across the Mn4CaO5 cluster to the D1-E65/D2-E312
dyad and that includes D1-E329 and several water molecules including the W2 and W3 water ligands of the Mn4CaO5 cluster’s
dangling MnA4 and Ca ions, respectively. The D2-E307Q, D2-D308N, D2-E310Q, and D2-E323Q mutations alter the ν(CO)
regions of none of the FTIR difference spectra. We conclude that these four residues are located far from the three unidentified
carboxylate groups that give rise to the ν(CO) features observed in the FTIR difference spectra.

The light-driven oxidation of water in photosystem II
(PSII) produces nearly all of the O2 on earth and drives

the production of nearly all of its biomass. Photosystem II is an
integral membrane protein complex that is located in the
thylakoid membranes of plants, algae, and cyanobacteria.1−4 It
is a homodimer in vivo, having a total molecular weight of
approximately 700 kDa, with each monomer containing at least
20 different subunits and nearly 60 organic and inorganic
cofactors including 35 Chl a, 11 carotenoid, two pheophytin,
and two plastoquinone molecules. The O2-evolving catalytic
center in PSII consists of a Mn4CaO5 cluster and its immediate
protein environment. In response to photochemical events
within PSII, the Mn4CaO5 cluster accumulates four oxidizing
equivalents and then catalyzes the oxidation of two molecules
of water, releasing one molecule of O2 as a byproduct.

5−9 The
Mn4CaO5 cluster serves as the interface between single-electron
photochemistry and the four-electron process of water
oxidation. The photochemical events that precede water
oxidation take place in a heterodimer of two 38 to 39 kDa

polypeptides known as D1 and D2. These events are initiated
by the transfer of excitation energy to the photochemically
active Chl a multimer known as P680 following capture of light
energy by the antenna complex. Excitation of P680 results in the
formation of the charge-separated state, P680

•+Pheo•−. This
light-induced separation of charge is stabilized by the rapid
oxidation of Pheo•− by QA, the primary plastoquinone electron
acceptor, and by the rapid reduction of P680

•+ by YZ, one of two
redox-active tyrosine residues in PSII. The resulting YZ

• radical
in turn oxidizes the Mn4CaO5 cluster, whereas QA

•− reduces
the secondary plastoquinone, QB. Subsequent charge-separa-
tions result in further oxidation of the Mn4CaO5 cluster and in
the two-electron reduction and protonation of QB to form
plastoquinol, which subsequently exchanges into the mem-
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brane-bound plastoquinone pool. During each catalytic cycle,
the Mn4CaO5 cluster advances through five oxidation states
termed Sn, where n denotes the number of oxidizing equivalents
that are stored (n = 0−4). The S1 state predominates in dark-
adapted samples. The S4 state is a transient intermediate whose
formation triggers the formation and release of O2 and the
regeneration of the S0 state.
In the recent 1.9 Å crystallographic structural model of PSII

(PDB: 3ARC)1,10 and in subsequent computational refine-
ments of the structure of the Mn4CaO5 cluster and its ligation
environment,11−16 the cluster is arranged as a distorted
Mn3CaO4 cube that is linked to a fourth dangling Mn ion
(denoted MnA4) by one corner oxo bridge (denoted O5) and
by an additional oxygen bridging ligand. (We have adopted the
combined crystal structure and EPR-based notation for the Mn
ions advanced in refs 8 and 9.) The cluster’s Mn and Ca ions
are ligated by six carboxylate groups and one histidine residue,
all but one of which are supplied by the D1 polypeptide. In
recent proposals for the mechanism of O−O bond formation,
O5 derives from one of the two substrate water molecules and
becomes incorporated into the product dioxygen molecule by
reacting with another substrate water-derived Mn or Ca
ligand.8,9,17−22 Recent pulsed EPR studies conducted in
combination with measurements of water-exchange rates have
provided support for these proposals by providing strong
evidence that O5 corresponds to the slowly exchanging
substrate water molecule.20,22 Structural flexibility of the
Mn4CaO5 cluster is a key aspect of these proposals, and
there is an emerging consensus that the Mn4CaO5 cluster
readily interconverts between two nearly isoenergetic con-
formers during the S-state cycle, with O5 ligating the dangling
MnA4 ion in one conformer (giving rise to the multiline EPR
signal in the S2 state) and ligating MnD1 in the other (giving rise
to the g = 4.1 EPR signal in the S2 state).

8,9,14,16,23,24 In the S2
state, this interconversion is linked to a redox isomerization,
with the Mn ion not binding O5 being in its Mn(III) oxidation
state in addition to having an open coordination position along
its Jahn−Teller axis. A similar structural conversion involving
changes in the ligation of O5 during the S2 to S3 transition has
also been proposed on the basis of a recent Mn-EXAFS study.25

Water oxidation in PSII involves a precisely choreographed
sequence of proton and electron transfer steps in which the
release of protons is required to prevent the redox potential of
the Mn4CaO5 cluster from rising to levels that prevent its
subsequent oxidation by YZ

•.26−30 This choreography is
characterized by a strictly alternating removal of electrons
and protons from the Mn4CaO5 cluster during the S-state cycle,
with proton transfer preceding the oxidation of the Mn4CaO5

cluster during the S2 to S3 and S3 to S4 transitions.
7,19,27,28,30,31

During the S2 to S3 and S3 to S4 transitions, the trigger for
proton transfer is proposed to be the formation of YZ

•, with the
positive charge on the YZ

•/D1-His190 pair inducing the
deprotonation of CP43-Arg35726,29,32,33 or a nearby cluster of
water molecules.31 In these proposals, the subsequent oxidation
of the Mn4CaO5 cluster involves the simultaneous transfer of a
proton from the Mn4CaO5 cluster to the now deprotonated
CP43-Arg357 or water cluster. The deprotonation of CP43-
Arg357 (or the cluster of water molecules) is envisioned to take
place via one or more proton-egress pathways (or channels)
leading from the Mn4CaO5 cluster to the thylakoid lumen. The
channels are expected to be composed of networks of hydrogen
bonds involving protonatable amino acid side chains and water
molecules. Several possible channels for water access, O2 egress,
and proton egress have been identified in the 1.9 Å1,10 and
earlier 3.5 to 2.9 Å34−36 crystallographic structural models on
the basis of visual examinations,1,34,37−40 electrostatic calcu-
lations,41 solvent-accessibility simulations,42 cavity searching
algorithms,36,43,44 molecular dynamics simulations of water
diffusion,45−47 and the identification of oxidatively modified
amino acid residues in the interior of PSII.48,49 (For review, see
refs 40 and 50−52.)
In an initial attempt to verify the proposed egress channels

experimentally, we previously provided evidence for a network
of hydrogen bonds, some elements of which may exist only
transiently, that extends at least 20 Å across the lumenal face of
the Mn4CaO5 cluster and that forms part of a dominant proton-
egress pathway leading from the cluster to the lumen.53 This
network includes the residues D1-D61, D1-E65, D1-E329, and
D2-E312. The evidence was based on (i) the elimination of the
same ν(CO) mode of a protonated carboxylate group in the

Figure 1. Positions of the residues discussed in this study in relation to the Mn4CaO5 cluster and selected nearby residues in the 1.9 Å structural
model, including the cluster ligands D1-D170, D1-E189, D1-H332, and D1-E333.1 Except where noted otherwise, all residues are from the D1
polypeptide. Purple spheres, manganese ions; yellow sphere, calcium; large red spheres, μ-oxo bridges; green sphere, chloride; and small red spheres,
water molecules. The dangling MnA4 ion, oxygen O5, and two of the cluster’s water ligands (W1 and W4) are labeled.
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S2-minus-S1 FTIR difference spectrum of wild-type PSII core
complexes by the mutations D1-E65A, D2-E312A, and D1-
E329Q (and by overdehydration of wild-type samples) and (ii)
on the substantial decrease in the efficiencies of the S3 to S0
transition caused by the mutations D1-D61A, D1-E65A, and
D2-E312A. The eliminated ν(CO) mode corresponds to an
unidentified carboxylate group in the same network whose pKa
value decreases in response to the increased charge that
develops on the Mn4CaO5 cluster during the S1 to S2 transition.
Disruption of part of this network by mutation or over-
dehydration prevents the transmission of the structural
perturbations associated with the S1 to S2 transition to the
unidentified carboxylate residue, thereby eliminating the pKa
change and consequently the ν(CO) mode.
In the current study, in a further attempt to verify the

proposed proton-egress channels experimentally, we have
extended our previous work to include the ν(CO) regions
of the other Sn+1-minus-Sn FTIR difference spectra and to
additional residues inferred to participate in networks of
hydrogen bonds near the Mn4CaO5 cluster or leading from the
Mn4CaO5 cluster to the thylakoid lumen (Figure 1). These
include residues D1-R334, D1-Q165, D2-E307, D2-D308, D2-
E310, and D2-E323. We found that (i) in addition to the
carboxylic acid group whose pKa value decreases during the S1
to S2 transition, there is a second carboxylic acid group whose
pKa value increases during the S2 to S3 transition and a third
carboxylic acid group that experiences a change in its
environment during the S0 to S1 transition, (ii) D1-R334
participates in the same dominant proton-egress pathway as
D1-D61, D1-E65, and D2-E312, (iii) D1-Q165 participates in
an extensive network of hydrogen bonds that that extends
across the Mn4CaO5 cluster to the D1-E65/D2-E312 dyad and
that includes several water molecules including the W2 and W3
water ligands of the dangling MnA4 and Ca ions, respectively,
and (iv) D2-E307, D2-D308, D2-E310, and D2-E312 are
located far from the three unidentified carboxylate groups that
give rise to the ν(CO) features.

■ MATERIALS AND METHODS

Construction of Mutants and Propagation of Cul-
tures. The D1-Q165E and D1-R334A mutations were
constructed in the psbA-2 gene of Synechocystis sp. PCC
680354 and transformed into a host strain of Synechocystis that
lacks all three psbA genes and contains a hexahistidine-tag (His-
tag) fused to the C-terminus of CP47.55 Single colonies were
selected for the ability to grow on solid media containing 5 μg/
mL of kanamycin monosulfate. The D2-E307Q, D2-D308N,
D2-E310Q, and D2-E323Q mutations were constructed in the
psbD-1 gene of Synechocystis sp. PCC 680356 and transformed
into a host strain of Synechocystis that lacks both psbD genes57

and contains a hexahistidine-tag (His-tag) fused to the C-
terminus of CP47.55 Single colonies were also selected for the
ability to grow on solid media containing 5 μg/mL of
kanamycin monosulfate. Solid media contained 5 mM glucose
and 10 μM DCMU. The DCMU and antibiotic were omitted
from the liquid cultures. Large-scale liquid cultures (each
consisting of three 7 L cultures held in glass carboys) were
propagated as described previously.58 To verify the integrity of
the mutant cultures that were harvested for the purification of
PSII core complexes, an aliquot of each culture was set aside,
and the sequence of the relevant portions of the psbA-2 or
psbD-1 genes were obtained after PCR amplification of

genomic DNA.54 No traces of the wild-type codon was
detected in any of the mutant cultures.

Purification of Thylakoid Membranes. Thylakoid
membranes were isolated under dim green light at 4 °C with
a procedure59 modified from that of Tang and Diner.60

Harvested cells were concentrated and suspended in a buffer
containing 1.2 M betaine, 10% (v/v) glycerol, 50 mM MES-
NaOH (pH 6.0), 5 mM CaCl2, 5 mM MgCl2, 1 mM
benzamidine, 1 mM ε-amino-n-caproic acid, 1 mM phenyme-
thylsulfonyl fluoride, and 0.05 mg/mL of DNase I and then
broken by nine cycles of (5 s on/15 min off) in a glass-bead
homogenizer (Bead-Beater, BioSpec Products, Bartlesville,
OK). (The use of betaine was suggested to us by ref 61.)
After separation of unbroken cells and debris by low-speed
centrifugation, the resulting thylakoid membranes were
concentrated by ultracentrifugation (20 min at 40 000 rpm in
a Beckman Ti45 rotor) and suspended to a concentration of
1.0−1.5 mg of Chl/mL in TM buffer (1.2 M betaine, 10% (v/v)
glycerol, 50 mM MES-NaOH (pH 6.0), 20 mM CaCl2, 5 mM
MgCl2). The concentrated thylakoid membranes were used
immediately for the purification of PSII core complexes.

Purification of PSII Core Complexes. Oxygen-evolving
PSII core complexes were purified under dim green light at 4
°C as described previously.59 To a suspension of freshly
prepared thylakoid membranes (60−100 mg of Chl) was added
the detergent n-dodecyl β-D-maltoside (Anatrace Inc., Maumee,
OH) dropwise with gentle stirring from a stock of 10% (w/v)
detergent (dissolved in TM buffer) to final concentrations of 1
mg of Chl/mL and 1% (w/v) detergent.60 Extraction was
allowed to proceed with gentle stirring for an additional 10 min
in darkness. Unsolubilized material was pelleted by centrifuging
at 17 500 rpm in a Beckman JA-20 rotor for 10 min.62 The
supernatant was loaded at a flow rate of 2.5 mL/min onto 40
mL of Ni-NTA superflow affinity resin (Qiagen, Inc., Valencia,
CA) that had been packed in a 5 cm diameter chromatography
column and equilibrated with PSII buffer (1.2 M betaine, 10%
(v/v) glycerol, 50 mM MES-NaOH (pH 6.0), 20 mM CaCl2, 5
mM MgCl2, and 0.03% (w/v) n-dodecyl β-D-maltoside). After
loading, the column was washed at a flow rate of 5 mL/min
with four bed volumes of PSII buffer and then eluted at the
same flow rate with four bed volumes of PSII buffer containing
50 mM histidine. The eluent was brought to 1 mM EDTA and
concentrated by ultrafiltration (Amicon models 2000 and 8400
stirred cells fitted with YM-100 membranes followed by
Amicon Ultra-4 100 K centrifugal filter devices (EMD
Millipore, Billerica, MA)) to approximately 1 mg of Chl/mL.
The purified PSII core complexes (in 1.2 M betaine, 10% (v/v)
glycerol, 50 mM MES-NaOH (pH 6.0), 20 mM CaCl2, 5 mM
MgCl2, 50 mM histidine, 1 mM EDTA, and 0.03% (w/v) n-
dodecyl β-D-maltoside) were aliquotted, frozen in liquid N2,
and stored at −196 °C (vapor-phase nitrogen).

Preparation of FTIR Samples. All manipulations were
conducted under dim green light at 4 °C. Samples (50 μg of
Chl a) were exchanged into FTIR analysis buffer (40 mM
sucrose, 10 mM MES-NaOH (pH 6.0), 5 mM CaCl2, 5 mM
NaCl, and 0.06% (w/v) n-dodecyl β-D-maltoside63,64) by
passage through a centrifugal gel filtration column at 27g.65

They were then concentrated to 3.3 mg of Chl/mL with
Amicon Ultra-0.5 mL 100 K centrifugal filter devices (EMD
Millipore, Billerica, MA). Concentrated samples (6 μL in
volume) were mixed with 1:10 volume of fresh 100 mM
potassium ferricyanide (dissolved in water), spread to a
diameter of about 13 mm in the center of a 25 × 2 mm
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diameter BaF2 window, then dried lightly (until tacky) under a
stream of dry nitrogen gas. To maintain the sample at 99%
relative humidity in the FTIR sample compartment, four 1 μL
drops of a solution of 20% (v/v) glycerol in water were spotted
around the periphery of the window, not touching the
sample.66 A second BaF2 window was placed over the first,
with a 23 × 1 mm nitrile O-ring acting as a spacer. The sample
assembly was sealed into an aluminum cell, loaded into a water-
jacketed aluminum holder in the FTIR sample compartment,
and allowed to equilibrate in darkness for 2 h. The sample was
kept at a constant temperature of 0 °C by circulating a cold
solution of 50% (v/v) ethylene glycol in water through the
sample cell holder. Sample concentrations were adjusted so that
the absolute absorbance of the amide I band at 1657 cm−1 was
0.8−1.2. For measurements in D2O, the FTIR analysis buffer
and the potassium ferricyanide and glycerol solutions were
prepared with D2O (99.9% enrichment, Cambridge Isotope
Laboratories, Andover, MA). The pD of the FTIR analysis
buffer prepared in D2O was adjusted with freshly opened
NaOD (99.5% enrichment, Cambridge Isotope Laboratories,
Andover, MA). The pD value was obtained by adding 0.40 to
the pH meter reading.67,68

FTIR Spectra. Midfrequency FTIR spectra were recorded
with a Bruker Vertex 70 spectrometer (Bruker Optics, Billerica,
MA) that was equipped with a KBr beam splitter and a
preamplified, midrange D317 photovoltaic MCT detector
(Kolmar Technologies, Inc., Newburyport, MA). Long-pass
2.4 μm cutoff filters (Andover Corp., Salem, NH) were
mounted on both sides of the sample compartment to prevent
the interferometer’s coaxial helium−neon laser from illuminat-
ing the sample and to protect the MCT detector from scattered
actinic illumination. Double-sided forward−backward interfero-
grams were recorded with a scanner velocity of 120 kHz. For
the calculation of Fourier transforms, a Blackman−Harris three-
term apodization function and a zero-fill factor of 2 were
employed. The spectral resolution for all spectra was 4 cm−1.
Actinic illumination consisted of flashes (∼ 20 mJ/flash, ∼ 7 ns
fwhm) provided by a frequency-doubled Q-switched Nd:YAG
laser (BRIO (Quantel USA, Bozeman, MT)). Flash excitation
was controlled from the Vertex 70 OPUS interface. The
Nd:YAG laser was programmed to deliver a single Q-switched
flash during a 20 Hz flashlamp repetition series to ensure the
uniformity of the laser light intensity. For each sample, after
dark adaptation, six successive flashes were applied with an
interval of 13 s between each (no preflashes were applied). Two
single-beam spectra were recorded before the first flash and one
single-beam spectrum was recorded starting 0.33 s after the first
and subsequent flashes (each single-beam spectrum consisted
of 100 scans). The 0.33 s delay was incorporated to allow for
the oxidation of QA

•− by the ferricyanide. To obtain difference
spectra corresponding to successive S-state transitions, the
single-beam spectrum that was recorded after the nth flash was
divided by the single-beam spectrum that was recorded
immediately before the nth flash, and the ratio was converted
to units of absorption. To estimate the background noise level,
the second preflash single-beam spectrum was divided by the
first, and the ratio was converted to units of absorption. The
sample was dark-adapted for 30 min, and then the cycle was
repeated. The cycle was repeated 16 times for each sample, and
the difference spectra recorded with several samples were
averaged.
Normalization of spectra to the extent of flash-induced

charge separation was accomplished by normalizing the mutant

and wild-type spectra to the peak-to-peak amplitudes of the
negative ferricyanide peak at 2115 cm−1 and the positive
ferrocyanide peak at 2038 cm−1 that were produced by the
oxidation of QA

•− by ferricyanide.
Other Procedures. Chlorophyll concentrations and initial

light-saturated rates of O2 evolution were measured as
described previously.69

■ RESULTS
ν(CO) Region of Wild-Type PSII in H2O and D2O. The

FTIR difference spectra induced by four successive flashes
given to wild-type PSII core complexes from Synechocystis sp.
PCC 6803 are shown in Figure 2 (black traces). The spectra
that are induced by the first, second, third, and fourth flashes
should correspond predominantly to S2-minus-S1, S3-minus-S2,
S0-minus-S3, and S1-minus-S0 FTIR difference spectra, respec-
tively.70−72 The 1790−1710 cm−1 regions of these spectra are
shown expanded in Figure 3. In this region, the S2-minus-S1
spectrum exhibits a negative band at 1746 cm−1 having ΔA =
−5.4 × 10−5, the S3-minus-S2 spectrum exhibits a positive band
at 1746 cm−1 having ΔA = 1.8 × 10−5, the S0-minus-S3

Figure 2. Comparison of the midfrequency FTIR difference spectra of
wild-type PSII core complexes exchanged into FTIR buffer containing
H2O (black) or D2O (red) in response four successive flash
illuminations applied at 0 °C. The spectra (plotted from 1770 to
1170 cm−1) were normalized to maximize the overlap between 1450
and 1350 cm−1, and they correspond predominantly to the S2-minus-
S1, S3-minus-S2, S0-minus-S3, and S1-minus-S0 FTIR difference spectra.
The data represent the averages of 12 H2O and 14 D2O samples (14
700 and 19 380 scans for each trace, respectively). Dark-minus-dark
control traces are included to show the noise level (lower traces).
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spectrum exhibits a positive band at 1746 cm−1 having ΔA =
2.9 × 10−5, and the S1-minus-S0 spectrum exhibits a derivative-
shaped feature at 1751(+)/1743(−) cm−1 having a peak-to-
peak ΔA of 1.2 × 10−5. The 1790−1710 cm−1 region contains
the CO carbonyl stretching (ν(CO)) modes of proto-
nated carboxylate residues73−75 and the keto and ester CO
vibrations of chlorophyll, pheophytin, heme, and lipids.76 In
carboxylic acids, the CO stretching and C−O−H bending
modes of the COOH group are weakly coupled. This coupling
is removed by deuteration, causing the ν(CO) mode to
downshift by 4−20 cm−1.73,77−80 Accordingly, to test whether
the bands in this region of the S3-minus-S2, S0-minus-S3, and S1-
minus-S0 spectra correspond to the ν(CO) modes of
protonated carboxylate residues, the spectra were also obtained
after samples were exchanged into buffer containing D2O
(Figures 2 and 3, red traces). In D2O, the 1746 cm−1 mode in
the S2-minus-S1 and S0-minus-S3 spectra appeared at 1742 cm−1,
the 1746 cm−1 mode in the S3-minus-S2 spectrum appeared at
1739 cm−1, and the derivative-shaped feature in the S1-minus-S0
spectrum appeared at 1748(+)/1739(−) cm−1. These represent
downshifts of 3−7 cm−1. Therefore, we attribute these features
to the ν(CO) modes of protonated carboxylate residues
whose environments change during the individual S-state
transitions (see Discussion).
Exchange into D2O induced additional alterations to the

wild-type FTIR difference spectra. In the S2-minus-S1 FTIR
difference spectrum, the D2O-induced alterations in the
overlapping amide/asymmetric carboxylate stretching
(νasym(COO

−)) regions (between 1700 and 1500 cm−1)
resembled those reported previously in PSII membranes from
spinach81 and PSII core complexes from Thermosynechococcus
elongatus82 and Synechocystis sp. PCC 6803.53 These alterations
include the appearance of a positive band at 1636 cm−1, the
apparent upshift of a negative band from 1559 to 1580 cm−1,
and the apparent upshift of the large positive feature from 1588
to 1594 cm−1. The first of these has been attributed to D2O-

induced shifts of amide I bands in stretches of polypeptide
having random-coil conformations.81 The second has been
attributed to a D2O-induced shift of the νasym(COO

−) mode of
a carboxylate residue that accepts a strong hydrogen bond from
a Mn-bound water molecule.81 The third is consistent with the
D2O-induced upshift of the νasym(COO

−) mode of another
hydrogen-bonded carboxylate residue.81 We attribute the D2O-
induced alterations to this region of the other Sn+1-minus-Sn
FTIR difference spectra primarily to D2O-induced shifts of
amide I bands in stretches of polypeptide having irregular
elements of secondary structure.75,83,84 These alterations differ
somewhat from those reported previously in PSII core
complexes from T. elongatus,82 particularly the large
1659(−)/1641(+)/1621(−) cm−1 feature in the S3-minus-S2
D2O spectrum and the negative feature at 1566 cm−1 in the S0-
minus-S3 D2O spectrum. We attribute these differences to small
differences in elements of secondary structure between T.
elongatus and Synechocystis sp. PCC 6803 arising from the slight
differences in the amino acid sequences of these two organisms.

D1-R334A Mutant. Cells of the D1-R334A mutant were
photoautotrophic and evolved O2 at 190−230 μmol O2 (mg of
Chl)−1 h−1 under light-saturating conditions compared to 570−
580 μmol O2 (μg of Chl)−1 h−1 for wild-type cells. The O2-
evolving activities of the D1-R334A PSII core particles were
approximately 2.2 mmol O2 (mg of Chl)−1 h−1 compared to
5.3−5.7 mmol O2 (mg of Chl)−1 h−1 for wild type. The O2-
evolving activity of the D1-R334A PSII core complexes
(approximately 40% compared to wild type) correlated
approximately with the O2-evolving activity of D1-R334A
cells (approximately 37% compared to wild type). The
midfrequency FTIR difference spectra of wild-type and D1-
R334A PSII core complexes that were induced by four
successive flashes are compared in Figure 4 (black and red
spectra, respectively). When the amplitudes of the spectra were
normalized to the extent of flash-induced charge separation, the
amplitudes of the D1-R334A spectra were approximately 60%
of the amplitude of the wild-type spectrum. Accordingly,
approximately 60% of the D1-R334A PSII core complexes were
estimated to contain photo-oxidizable Mn4CaO5 clusters. The
lower steady-state rates of O2 evolution exhibited by D1 R334A
PSII core complexes compared to their estimated content of
Mn4CaO5 clusters implies that at least one of the S-state
transitions proceeds less efficiently in the presence of the D1-
R334A mutation.
The S2-minus-S1 FTIR difference spectrum of D1-R334A

PSII core complexes (upper red trace in Figure 4) showed
substantial differences from the wild-type spectrum throughout
the midfrequency spectrum. In the amide I region, the mutation
increased the amplitude of the 1698(+), 1665(−), and 1651(+)
bands and upshifted (to 1675(+) cm−1) and substantially
increased the amplitude of the positive band at 1672(+) cm−1.
In the overlapping amide II/νasym(COO−) region, the
amplitudes of the bands at 1588(+), 1559(−), and 1543(−)
were diminished substantially, the negative band at 1522(−)
cm−1 was eliminated, and the positive band at 1509 cm−1 was
upshifted to 1512 cm−1 and decreased in intensity. The
1543(−), 1531(+), and 1522(−) cm−1 bands can be identified
as amide II modes because all three bands downshift
appreciably after global incorporation of 13C63,85−87 or
15N.63,86−89 Similarly, the 1587 cm−1 band has been assigned
to a νasym(COO

−) mode because it downshifts by 30−35 cm−1

after global incorporation of 13C63,85−87 but is largely insensitive
to the global incorporation of 15N.63,86−89 The 1509 cm−1 band

Figure 3. Comparison of the ν(CO) regions of the Sn+1-minus-Sn
FTIR difference spectra of wild-type PSII core complexes exchanged
into FTIR buffer containing H2O (black) or D2O (red). The data are
reproduced from Figure 2 but were shifted vertically to coincide at
1765 cm−1. Note the different vertical scales.
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appears to consist of overlapping amide II and νasym(COO
−)

modes.63,86−89 In the symmetric carboxylate stretching
(νsym(COO

−)) region, the positive feature at 1442 cm−1 was
intensified, the negative features at 1416 and 1399 cm−1 were
replaced by a single negative feature at 1405 cm−1, a 1388(+)/
1383(−) feature appeared, and the amplitude of the large
positive feature at 1365 cm−1 was diminished substantially. The
numerous mutation-induced changes in the amide I and amide
II regions show that the mutation substantially alters the
response of the protein backbone to the positive charge that
develops on the Mn4CaO5 cluster during the S1 to S2 transition.
The many mutation-induced changes in the νsym(COO

−)
shows that the mutation also perturbs multiple carboxylate
residues. Of particular importance to this study, the amplitude
of the negative band at 1746 cm−1 was decreased in amplitude
by the mutation.
The FTIR difference spectrum that was produced by the

second flash applied to D1-R334A PSII core complexes was
much lower in amplitude than the corresponding spectrum of
wild type and appeared to contain some of the features present

in the S2-minus-S1 FTIR difference spectrum of this mutant
(compare the upper two red traces in Figure 4). These include
bands at 1675(+), 1626(−), 1551(+), 1543(−), 1338(+), and
1254(−) cm−1. The presence of these bands suggests that a
significant fraction of D1-R334A PSII reaction centers did not
undergo the S2 to S3 transition following the second flash. Note
that the positive band at 1746 cm−1 was eliminated by the
mutation (see the next paragraph).
The FTIR difference spectra that were produced by the third

and fourth flashes applied to D1-R334A PSII core complexes
were practically devoid of features (lower two red traces in
Figure 4). One possible explanation for these featureless spectra
is that a large fraction of D1-R334A PSII core complexes fail to
advance beyond the S3 state. However, another possibility is
that the efficiencies of the S-state transitions are substantially
decreased by the mutation (i.e., that the miss parameter is
increased), so that significant fractions of PSII centers fail to
advance after each flash. Typically, spectral features that appear
in the FTIR difference spectra during the S1 to S2 and S2 to S3
transitions are reversed during the S3 to S0 and S0 to S1

Figure 4. Comparison of the midfrequency FTIR difference spectra of
wild-type (black) and D1-R334A (red) PSII core complexes in
response four successive flash illuminations applied at 0 °C. The data
represent the averages of 12 wild-type and nine D1-R334A samples
(14 700 and 13 400 scans for each trace, respectively). The spectra
were normalized to maximize the overlap between 1450 and 1350
cm−1 by multiplying the mutant spectra vertically by a factor of ∼1.7
after normalization to the peak-to peak amplitudes of the negative
ferricyanide peak at 2115 cm−1 and the positive ferrocyanide peak at
2038 cm−1. Dark-minus-dark control traces are included to show the
noise level (lower traces).

Figure 5. Comparison of the midfrequency FTIR difference spectra of
wild-type (black) and D1-Q165E (red) PSII core complexes in
response four successive flash illuminations applied at 0 °C. The data
represent the averages of 12 wild-type and 13 D1-Q165E samples (14
700 and 17 200 scans for each trace, respectively). The spectra were
normalized to maximize the overlap between 1450 and 1350 cm−1 by
multiplying the mutant spectra vertically by a factor of ∼1.8 after
normalization to the peak-to peak amplitudes of the negative
ferricyanide peak at 2115 cm−1 and the positive ferrocyanide peak at
2038 cm−1. Dark-minus-dark control traces are included to show the
noise level (lower traces).
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transitions.70,71 If large fractions of PSII reaction centers fail to
advance between S states in response to saturating flashes, then
PSII reaction centers that undergo the S3 to S0 or S0 to S1
transitions after the third or fourth flashes may have their
spectral features canceled by PSII reaction centers undergoing
the S1 to S2 or S2 to S3 transitions. The apparent presence of S2-
minus-S1 features in the second-flash D1-R334A spectrum and
the lack of clear, distinct peaks in the third- and fourth-flash
spectra are consistent with an overall increase in the miss
parameter. In support of this interpretation, D1-R334A PSII
core complexes evolve O2 at substantial rates under continuous
illumination (67% compared to wild type when the rate of O2
evolution is normalized to the fraction PSII centers estimated
to contain photo-oxidizable Mn4CaO4 clusters). Consequently,
the elimination of the positive band at 1746 cm−1 in the S3-
minus-S2 spectrum of the D1-R334A mutant may have been
caused by an increased miss parameter in the mutant.
D1-Q165E Mutant. Cells of the D1-Q165E mutant were

photoautotrophic and evolved O2 at approximately 190 μmol
O2 (mg of Chl)−1 h−1 under light-saturating conditions
compared to 570−580 μmol O2 (μg of Chl)−1 h−1 for wild-

type cells. The O2-evolving activities of the D1-Q165E PSII
core particles were approximately 1.9 mmol O2 (mg of Chl)−1

h−1 compared to 5.3−5.7 mmol O2 (mg of Chl)
−1 h−1 for wild

type. The O2-evolving activity of the D1-Q165E PSII core
complexes (approximately 35% compared to wild type)
correlated approximately with the O2-evolving activity of D1-
Q165E cells (approximately 33% compared to wild type). The
midfrequency FTIR difference spectra of wild-type and D1-
Q165E PSII core complexes that were induced by four
successive flashes are compared in Figure 5 (black and red
spectra, respectively). When the amplitudes of the spectra were
normalized to the extent of flash-induced charge separation, the
amplitudes of the D1-Q165E spectra were approximately 55%
of the amplitude of the wild-type spectrum. Accordingly,
approximately 55% of the D1-Q165E PSII core complexes were
estimated to contain photo-oxidizable Mn4CaO5 clusters. The
lower steady-state rates of O2 evolution exhibited by D1-Q165E
PSII core complexes compared to their estimated content of
Mn4CaO5 clusters implies that at least one of the S-state
transitions proceeds less efficiently in the presence of the D1-
Q165E mutation.
The S2-minus-S1 FTIR difference spectrum of D1-Q165E

PSII core complexes (upper red trace in Figure 5) showed
substantial differences from the wild-type spectrum throughout
the midfrequency spectrum. In the amide I region, the mutation
increased the amplitude of the 1706(−), 1689(−), and
1665(−) cm−1 bands, shifted the 1697(+) cm−1 peak to 1700
cm−1, eliminated the small negative feature at 1680 cm−1, and
shifted the 1672(+) band to 1674(+) cm−1, substantially
increasing the amplitude of the latter. In the overlapping amide
II/νasym(COO

−) region, the amplitudes of the positive bands at
1588 and 1509 cm−1 were diminished, the amplitudes of the
negative features at 1629 and 1611 cm−1 were increased, a
positive feature at 1566 cm−1 appeared, and the 1531(+)/
1522(−) cm−1 feature was shifted to 1528(+)/1519(−) cm−1.
In the νsym(COO

−) region, the negative feature at 1416 cm−1

was shifted to 1413 cm−1, the large negative feature at 1399
cm−1 was replaced with a positive feature at 1394 cm−1

(thereby obscuring the 1410(+) cm−1 feature and creating a
negative feature at 1385 cm−1), the large positive feature at
1365 cm−1 was upshifted to 1367 cm−1 and its amplitude was
sharply decreased, the positive feature at 1340 cm−1 was largely
eliminated, and the small positive feature at 1277 cm−1 was
eliminated. The numerous mutation-induced changes in the
amide I and amide II regions show that the mutation
substantially alters the response of the protein backbone to
the positive charge that develops on the Mn4CaO5 cluster
during the S1 to S2 transition. The mutation-induced changes in
the νsym(COO

−) region shows that the mutation also perturbs
multiple carboxylate residues. Of particular importance to this
study, the amplitude of the negative band at 1746 cm−1 was
unchanged by the mutation.
The S3-minus-S2 FTIR difference spectrum of D1-Q165E

PSII core complexes showed many fewer changes compared to
wild type than the mutant’s S2-minus-S1 spectrum. In the amide
I region, a negative feature appeared at 1706 cm−1, the positive
feature at 1684 cm−1 was replaced by a negative feature at 1685
cm−1, and the positive feature at 1666 cm−1 upshifted to 1668
cm−1 and decreased slightly in amplitude. In the overlapping
amide II/νasym(COO

−) region, the negative feature at 1644
cm−1 was downshifted to 1643 cm−1 and its amplitude was
increased, the positive feature at 1596 cm−1 was upshifted to
1598 cm−1, and the amplitudes of the negative features at 1544

Figure 6. Comparison of the midfrequency FTIR difference spectra of
wild-type (black) and D2-E307Q (red) PSII core complexes in
response four successive flash illuminations applied at 0 °C. The data
represent the averages of 12 wild-type and 12 D2-E307Q samples (14
700 scans for each trace). The spectra were normalized to maximize
the overlap between 1450 and 1350 cm−1 by multiplying the mutant
spectra vertically by a factor of ∼1.4 after normalization to the peak-to
peak amplitudes of the negative ferricyanide peak at 2115 cm−1 and
the positive ferrocyanide peak at 2038 cm−1. Dark-minus-dark control
traces are included to show the noise level (lower traces).
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and 1495 cm−1 were increased. In the νsym(COO
−) region, the

positive features at 1415 and 1344 cm−1 were decreased in
amplitude. Of particular importance to this study, the
amplitude of the positive band at 1746 cm−1 was nearly
eliminated by the D1-Q165E mutation.
Most of the features in the S0-minus-S3 FTIR difference

spectrum of D1-Q165E PSII core complexes were diminished
in amplitude compared to those in the corresponding wild-type
spectrum. However, there were relatively few other changes.
These changes included the elimination of the positive feature
at 1709 cm−1, the upshift of the negative peak at 1700 to 1702
cm−1, the replacement of the positive feature at 1677 cm−1 with
a negative feature at 1673 cm−1, the appearance of a negative
feature at 1656 cm−1, and the near elimination of the small
1528(−)/1522(+) cm−1 feature (mirroring the changes in the
S2-minus-S1 spectrum). The positive band at 1746 cm−1 was
upshifted slightly to 1747 cm−1, but its amplitude was
unaltered.
Most of the features in the S1-minus-S0 FTIR difference

spectrum of D1-Q165E PSII core complexes were also
diminished in amplitude compared to those in the correspond-
ing wild-type spectrum. As with the mutant’s S0-minus-S3
spectrum, there were relatively few other changes. These
include increased intensity of the negative features at 1668 and
1649 cm−1, the appearance of a negative feature at 1624 cm−1, a
more pronounced 1553(−)/1544(+) cm−1 feature, and the loss
of a small negative feature at 1383 cm−1. Of particular
importance to this study, the 1751(+)/1743(−) cm−1

derivative-shaped feature changed slightly in appearance, with
its positive lobe at 1750 cm−1 and its negative lobe becoming
broader, having a minimum at 1735 cm−1.
The diminished amplitudes of the mutant S0-minus-S3 and S1-

minus-S0 spectra compared to wild type suggests that the
efficiency of the S3 to S0 and S0 to S1 transitions are lowered by
the D1-Q165E mutation, perhaps explaining the lower O2-
evolving activity of this mutant compared to wild type.
D2-E307Q Mutant. Cells of the D2-E307Q mutant were

photoautotrophic and evolved O2 at 410−440 μmol O2 (mg of
Chl)−1 h−1 under light-saturating conditions compared to 570−
580 μmol O2 (μg of Chl)−1 h−1 for wild-type cells. The O2-
evolving activities of the D2-E307Q PSII core particles were
approximately 4.4 mmol O2 (mg of Chl)−1 h−1 compared to
5.3−5.7 mmol O2 (mg of Chl)−1 h−1 for wild type. The O2-
evolving activity of the D2-E307Q PSII core complexes
(approximately 80% compared to wild type) correlated with
the O2-evolving activity of D1-E307Q cells (75−85% compared
to wild type). The midfrequency FTIR difference spectra of
wild-type and D2-E307Q PSII core complexes that were
induced by four successive flashes are compared in Figure 6
(black and red spectra, respectively). When the amplitudes of
the spectra were normalized to the extent of flash-induced
charge separation, the amplitudes of the D2-E307Q spectra
were approximately 70% of the amplitude of the wild-type
spectrum. Accordingly, approximately 70% of the D2-E307Q
PSII core complexes were estimated to contain photo-
oxidizable Mn4CaO5 clusters. This estimate correlates approx-
imately with the steady-state rates of O2 evolution observed in
the mutant PSII core complexes, suggesting that those
Mn4CaO5 clusters that assemble in the mutant are all active.
After normalization, the Sn+1-minus-Sn FTIR Difference spectra
of the D2-E307Q PSII core complexes closely resembled the
corresponding spectra of wild type. Differences include a larger
amplitude derivative feature at 1665(−)/1651(+) cm−1 and a

slightly more intense negative peak at 1543 cm−1 in the S2-
minus-S1 spectrum, more pronounced negative features at 1648
and 1635 cm−1 in the S0-minus-S3 spectrum, and more
pronounced positive features at 1660 and 1640 cm−1 in the
S1-minus-S0 spectrum. Of particular importance to this study,
the features at 1746 cm−1 in the S2-minus-S1, S3-minus-S2, and
S0-minus-S3 spectra and the derivative feature at 1751(+)/
1743(−) cm−1 in the S1-minus-S0 spectrum were unaffected by
the D2-E307Q mutation.

D2-D308N Mutant. Cells of the D2-D308N mutant were
photoautotrophic and evolved O2 at 310−360 μmol O2 (mg of
Chl)−1 h−1 under light-saturating conditions compared to 570−
580 μmol O2 (μg of Chl)−1 h−1 for wild-type cells. The O2-
evolving activities of the D2-D308N PSII core particles were
approximately 3.3 mmol O2 (mg of Chl)−1 h−1 compared to
5.3−5.7 mmol O2 (mg of Chl)−1 h−1 for wild type. The O2-
evolving activity of the D2-E307Q PSII core complexes
(approximately 60% compared to wild type) correlated with
the O2-evolving activity of D1-D308N cells (55−65%
compared to wild type). The midfrequency FTIR difference
spectra of wild-type and D2-D308N PSII core complexes that
were induced by four successive flashes are compared in Figure
7 (black and red spectra, respectively). When the amplitudes of
the spectra were normalized to the extent of flash-induced
charge separation, the amplitudes of the D2-D308N spectra
were approximately 63% of the amplitude of the wild-type
spectrum. Accordingly, approximately 63% of the D2-D308N
PSII core complexes were estimated to contain photo-
oxidizable Mn4CaO5 clusters. This estimate correlates with
the steady-state rates of O2 evolution observed in the mutant
PSII core complexes, suggesting that those Mn4CaO5 clusters
that assemble in the mutant are all active. After normalization,
the Sn+1-minus-Sn FTIR difference spectra of the D2-D308N
PSII core complexes closely resembled the corresponding
spectra of wild type. Differences include a smaller amplitude
derivative feature at 1665(−)/1651(+) cm−1 and a slightly less
intense negative peak at 1543 cm−1 in the S2-minus-S1
spectrum, more pronounced negative features at 1647 and
1635 cm−1 in the S0-minus-S3 spectrum, and the absence of a
negative feature at 1649 cm−1 in the S1-minus-S0 spectrum. Of
particular importance to this study, the features at 1746 cm−1 in
the S2-minus-S1, S3-minus-S2, and S0-minus-S3 spectra and the
derivative feature at 1751(+)/1743(−) cm−1 in the S1-minus-S0
spectrum were unaffected by the D2-D308N mutation with the
exception of a 1 cm−1 downshift of the positive feature at 1746
cm−1 in the S3-minus-S2 spectrum.

D2-E310Q Mutant. Cells of the D2-E310Q mutant were
photoautotrophic and evolved O2 at 410−490 μmol O2 (mg of
Chl)−1 h−1 under light-saturating conditions compared to 570−
580 μmol O2 (μg of Chl)−1 h−1 for wild-type cells. The O2-
evolving activities of the D2-E310Q PSII core particles were
approximately 4.5 mmol O2 (mg of Chl)−1 h−1 compared to
5.3−5.7 mmol O2 (mg of Chl)−1 h−1 for wild type. The O2-
evolving activity of the D2-E310Q PSII core complexes
(approximately 80% compared to wild type) correlated with
the O2-evolving activity of D2-E310Q cells (70−85% compared
to wild type). The midfrequency FTIR difference spectra of
wild-type and D2-E310Q PSII core complexes that were
induced by four successive flashes are compared in Figure 8
(black and red spectra, respectively). When the amplitudes of
the spectra were normalized to the extent of flash-induced
charge separation, the amplitudes of the D2-E310Q spectra
were approximately 70% of the amplitude of the wild-type
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spectrum. Accordingly, approximately 70% of the D2-E307Q
PSII core complexes were estimated to contain photo-
oxidizable Mn4CaO5 clusters. This estimate correlates approx-
imately with the steady-state rates of O2 evolution observed in
the mutant PSII core complexes, suggesting that those
Mn4CaO5 clusters that assemble in the mutant are all active.
After normalization, the Sn+1-minus-Sn FTIR Difference spectra
of the D2-E310Q PSII core complexes closely resembled the
corresponding spectra of wild type. Differences include a
smaller amplitude peak at 1651 cm−1 in the S2-minus-S1
spectrum, more pronounced negative features at 1651 and
1635 cm−1 in the S0-minus-S3 spectrum, and an upshift to 1653
cm−1 and increased intensity of the negative feature at 1649
cm−1 in the S1-minus-S0 spectrum. Of particular importance to
this study, the features at 1746 cm−1 in the S2-minus-S1, S3-
minus-S2, and S0-minus-S3 spectra and the derivative feature at
1751(+)/1743(−) cm−1 in the S1-minus-S0 spectrum were
unaffected by the D2-E310Q mutation with the exception of a 1
cm−1 downshift of the positive feature at 1746 cm−1 in the S3-
minus-S2 spectrum.

D2-E323Q Mutant. Cells of the D2-E323Q mutant were
photoautotrophic and evolved O2 at 350−400 μmol O2 (mg of
Chl)−1 h−1 under light-saturating conditions compared to 570−
580 μmol O2 (μg of Chl)−1 h−1 for wild-type cells. The O2-
evolving activities of the D2-E310Q PSII core particles were
approximately 2.9 mmol O2 (mg of Chl)−1 h−1 compared to
5.3−5.7 mmol O2 (mg of Chl)−1 h−1 for wild type. The O2-
evolving activity of the D2-E310Q PSII core complexes
(approximately 53% compared to wild type) correlated
approximately with the O2-evolving activity of D2-E310Q
cells (60−70% compared to wild type). The midfrequency
FTIR difference spectra of wild-type and D2-E332Q PSII core
complexes that were induced by four successive flashes are
compared in Figure 9 (black and red spectra, respectively).
When the amplitudes of the spectra were normalized to the
extent of flash-induced charge separation, the amplitudes of the
D2-E323Q spectra were approximately 90% of the amplitude of
the wild-type spectrum. Accordingly, approximately 90% of the
D2-E323Q PSII core complexes were estimated to contain
photo-oxidizable Mn4CaO5 clusters. The lower steady-state

Figure 7. Comparison of the midfrequency FTIR difference spectra of
wild-type (black) and D2-D308N (red) PSII core complexes in
response four successive flash illuminations applied at 0 °C. The data
represent the averages of 12 wild-type and five D2-D308N samples
(14 700 and 6800 scans for each trace, respectively). The spectra were
normalized to maximize the overlap between 1450 and 1350 cm−1 by
multiplying the mutant spectra vertically by a factor of ∼1.6 after
normalization to the peak-to peak amplitudes of the negative
ferricyanide peak at 2115 cm−1 and the positive ferrocyanide peak at
2038 cm−1. Dark-minus-dark control traces are included to show the
noise level (lower traces).

Figure 8. Comparison of the midfrequency FTIR difference spectra of
wild-type (black) and D2-E310Q (red) PSII core complexes in
response four successive flash illuminations applied at 0 °C. The data
represent the averages of 12 wild-type and 20 D2-E310Q samples (14
700 and 26 900 scans for each trace, respectively). The spectra were
normalized to maximize the overlap between 1450 and 1350 cm−1 by
multiplying the mutant spectra vertically by a factor of ∼1.4 after
normalization to the peak-to peak amplitudes of the negative
ferricyanide peak at 2115 cm−1 and the positive ferrocyanide peak at
2038 cm−1. Dark-minus-dark control traces are included to show the
noise level (lower traces).
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rates of O2 evolution exhibited by D2-E323Q PSII core
complexes compared to their estimated content of Mn4CaO5
clusters suggests that the S-state transitions proceed less
efficiently in the presence of the D2-E323Q mutation. After
normalization, the Sn+1-minus-Sn FTIR Difference spectra of the
D2-E323Q PSII core complexes closely resembled the
corresponding spectra of wild type. Differences include more
intense features at 1698(+),1588(+),1543(−), and 1509(+)
cm−1 and the appearance of a negative shoulder at 1382 cm−1 in
the S2-minus-S1 spectrum, a negative feature at 1655 cm−1,
more pronounced negative features at 1649 and 1636 cm−1,
and a more intense positive feature at 1607 cm−1 in the S0-
minus-S3 spectrum, a negative feature at 1653 cm−1 and slightly
more intense negative features at 1668 and 1538 cm−1 in the
S1-minus-S0 spectrum. Of particular importance to this study,
the features at 1746 cm−1 in the S2-minus-S1, S3-minus-S2, and
S0-minus-S3 spectra and the derivative feature at 1751(+)/
1743(−) cm−1 in the S1-minus-S0 spectrum were unaffected by
the D2-E323Q mutation.

■ DISCUSSION

ν(CO) Region of Wild-Type PSII in H2O and D2O.
FTIR difference spectroscopy is an extremely sensitive tool for
characterizing the dynamic structural changes that occur during
an enzyme’s catalytic cycle.74,75,84,90,91 It is particularly suited
for analyzing protonation/deprotonation reactions, pKa shifts,
and changes in hydrogen-bonded structures. In PSII, the
vibrational modes of numerous functional groups are altered in
frequency as the Mn4CaO5 cluster is oxidized through the S-
state cycle, including many that are attributable to carboxylate
residues or hydrogen-bonded water molecules.70−72 The
primary focus of this study is the region between 1790 and
1710 cm−1, a region that contains the carbonyl stretching
(ν(CO)) modes of protonated carboxylate residues.73−75

This region also contains the keto and ester CO vibrations of
chlorophyll, pheophytin, heme, and lipids.76 Deuteration helps
distinguish between these modes because it removes the weak
coupling that exists between the CO stretching and C−O−H
bending modes of the COOH group. The elimination of this
coupling causes the ν(CO) mode to downshift by 4−20
cm−1.73,77−80 This D2O-induced downshift is diagnostic for the
ν(CO) mode of protonated carboxylate residues and has
been used as such in many systems, including bacteriorhodop-
sin,77,92−95 rhodopsin,96,97 bacterial reaction centers,98−101

heme-copper oxidases,102−105 and photoactive yellow pro-
tein.106 Previously, we showed that the negative feature at 1746
cm−1 in the S2-minus-S1 FTIR difference spectrum of wild-type
PSII core complexes from Synechocystis sp. PCC 6803
downshifts 4 cm−1 after exchange into D2O.

53 In this study,
we confirmed this observation. In addition, we showed that
positive features at 1746 cm−1 in the S3-minus-S2 and S1-minus-
S0 FTIR difference spectra and a derivative-shaped feature at
1751(+)/1743(−) cm−1 in the S1-minus-S0 FTIR difference
spectrum downshift by 3−7 cm−1 after exchange into buffers
containing D2O. On the basis of these observations, we
conclude that these features all correspond to the ν(CO)
modes of protonated carboxylate groups.
The frequency of the ν(CO) mode of a carboxylic acid

residue depends on the number and strengths of hydrogen
bonds involving its CO and O−H moieties.73,77−80 The
appearance of the features at 1746 cm−1 in the in the S2-minus-
S1, S3-minus-S2, and S0-minus-S3 spectra and at 1751(+)/
1743(−) cm−1 in the S1-minus-S0 spectrum suggests that each
of the protonated carboxylate groups giving rise to these
features participates in a single hydrogen bond that involves the
CO moiety,79,80 although participation in two hydrogen
bonds, with one involving the oxygen of the C−O−H group,
cannot be excluded.80 In an FTIR difference spectrum, the peak
corresponding to the ν(CO) mode of a protonated
carboxylate residue can change in a number of ways. For
example, partial protonation (deprotonation) of the carboxylate
group gives rise to a single positive (negative) absorption band.
Alternatively, a change in the environment of the protonated
carboxylate group can shift its ν(CO) mode, giving rise to a
differential feature.
The shapes of the 1746 cm−1 features in the S2-minus-S1, S3-

minus-S2, and S0-minus-S3 spectra imply that each corresponds
to the partial protonation or deprotonation of at least one
carboxylate group. On the basis of the relative amplitudes of
these features, one might conclude that the carboxylic acid
residue that that partly deprotonates during the S1 to S2
transition has its pKa value restored during the S2 to S3 and

Figure 9. Comparison of the midfrequency FTIR difference spectra of
wild-type (black) and D2-E323Q (red) PSII core complexes in
response four successive flash illuminations applied at 0 °C. The data
represent the averages of 12 wild-type and nine D2-E323Q samples
(14 700 and 12 100 scans for each trace, respectively). The spectra
were normalized to maximize the overlap between 1450 and 1350
cm−1 by multiplying the mutant spectra vertically by a factor of ∼1.1
after normalization to the peak-to peak amplitudes of the negative
ferricyanide peak at 2115 cm−1 and the positive ferrocyanide peak at
2038 cm−1. Dark-minus-dark control traces are included to show the
noise level (lower traces).
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S3 to S0 transitions. However, in our previous FTIR data
obtained with wild-type PSII core complexes from Synechocystis
sp. PCC 6803, these features frequently appeared at 1747 cm−1

in the S2-minus-S1 and S0-minus-S3 FTIR difference spectra and
at 1745 cm−1 in the S3-minus-S2 FTIR difference spectrum (e.g.,
refs 53, 58, and 107). Furthermore, the 1746(+) cm−1 feature in
our current S3-minus-S2 spectrum is downshifted to a greater
extent (7 cm−1) than the corresponding features in the S2-
minus-S1 and S3-minus-S0 spectra (4 cm−1) after exchange into
D2O. Given that the 1746(−) cm−1 feature in the S2-minus-S1
spectrum arises from a carboxylate group whose pKa value
decreases in response to the increased charge that develops on
the Mn4CaO5 cluster during the S1 to S2 transition,53 we
propose that 1746(+) cm−1 feature in the S3-minus-S2 spectrum
arises from a second carboxylate group whose pKa value
increases in response to the changes in the geometry of the
Mn4CaO5 cluster that accompany25,108−110 the S2 to S3
transition. In addition, we propose that the pKa shifts giving
rise to the 1746(−) cm−1 feature in the S2-minus-S1 spectrum
and to the 1746(+) cm−1 feature in the S3-minus-S2 spectra are
both reversed during the S3 to S0 transition. The amplitude of
the 1746(+) cm−1 feature in the S0-minus-S3 FTIR difference
spectrum would then reflect the larger amplitude of the
1746(−) cm−1 feature in the S2-minus-S1 spectrum compared to
the 1746(+) cm−1 feature in the S3-minus-S2 spectrum. Finally,
we propose that the derivative nature of the 1751(+)/1743(−)
cm−1 feature in the S1-minus-S0 spectrum reflects a change in
the environment of a third carboxylic acid group during the S0
to S1 transition, a change that does not change this group’s pKa
value. This environmental change would be expected to reverse
during the other S-state transitions. We see no evidence for
such a reversal. However, the amplitude of this feature is
sufficiently weak that any such reversal is probably lost beneath
the larger 1746 cm−1 features in the other Sn+1-minus-Sn FTIR
difference spectra.
D1-R334A Mutation. The D1-R334A mutation introduces

perturbations throughout the amide and carboxylate stretching
regions of the S2-minus-S1 FTIR difference spectrum and
decreases the apparent efficiencies of the S-state transitions
(i.e., increases the miss parameter) so that significant fractions
of PSII centers fail to advance after each flash. Of particular
importance to this study, the mutation decreased the amplitude
of the negative band at 1746 cm−1 in the S2-minus-S1 spectrum
and eliminated the positive band at 1746 cm−1 in the S3-minus-
S2 spectrum (for an expanded view of these regions of the S3-
minus-S2 and S2-minus-S1 spectra, see the left traces of Figure
10). In our earlier study, we concluded that D1-E65, D2-E312,
and D1-E329 participate in a common network of hydrogen
bonds, elements of which might exist only transiently, and that
mutation of any of these residues eliminates the negative 1746
cm−1 feature from the S2-minus-S1 spectrum by disrupting this
network.53 Because the D1-R334A mutation substantially
decreases the amplitude of the same feature, we conclude
that D1-R334 participates in the same network. In addition, the
substantially decreased efficiencies of the S-state transitions in
the D1-R334A mutant, shown by the lack of spectral features in
the FTIR difference spectra that were produced by the third
and fourth flashes (Figure 4), are consistent with a role for D1-
R334 in a dominant postulated proton-egress pathway linking
the Mn4CaO5 cluster with the thylakoid lumen, as was
concluded previously for D1-D61, D1-E65, and D2-E312 on
the basis of similar FTIR data.53 The participation of D1-R334
in a network of hydrogen bonds involving these residues is

expected on the basis of the 1.9 Å structural model (Figure 1).
In this model,1,10 D1-R334 may form hydrogen bonds with the
carboxylate groups of both D1-E65 and D2-E312. These two
residues have been proposed to form hydrogen bonds with
each other, comprising a carboxylate dyad whose potential
importance in proton transfer has been pointed out by
others.39,40 Furthermore, on the basis of molecular dynamics
simulations, it has been proposed that residues D1-D61, D1-
E65, D2-E312, D1-R334, and D1-N335 form a highly
interconnected network of hydrogen bonds that includes
numerous water molecules, with the D1-E65/D2-E312/D1-
R334 triad forming a proton-release group/proton-loading
site.40 A network of hydrogen bonds leading from the
Mn4CaO5 cluster to the thylakoid lumen and including D1-
D61, D1-E65, and D2-E312 has been inferred from the
distribution of water molecules in the 1.9 Å structural model of
PSII.1,39,40 Even before the 1.9 Å structural model became
available, the side chains of D1-D61, D1-E65, and D2-E312 had
been proposed to participate in a proton-egress chan-
nel34,36,41−44 having D1-E65 located at the channel’s narrowest
point.36,44 As we noted previously,53 the kinetically efficient
transfer of protons through a potential channel requires finely
tuned pKa differences between key residues and the transient
formation of clusters of water molecules.111−114 Consequently,
mutation of key residues in a dominant proton-egress pathway
(e.g., D1-D61, D1-E65, D2-E312, and now D1-R334) would be
expected to slow oxidation of the Mn4CaO5 cluster in the same
manner that mutations that impair proton uptake slow electron
transfer to from QA

•− to QB
•− in reaction centers of

Rhodobacter sphaeroides115−117 and the reduction of O2 to
H2O in cytochrome c oxidase.118−120

The participation of D1-R334 in a dominant proton-egress
pathway is consistent with earlier studies. In Synechocystis sp.
PCC 6803, the D1-R334E and D1-R334 V mutations result in

Figure 10. Comparison of the ν(CO) regions of the S2-minus-S1
and S3-minus-S2 FTIR difference spectra of wild-type PSII core
complexes (black) with the corresponding spectra of D1-R334A (red)
PSII core complexes (left traces) and D1-Q165E (red) PSII core
complexes (right traces). The data are reproduced from Figures 4 and
5 but were shifted vertically to coincide at 1765 cm−1. Note the
different vertical scales.
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O2 flash yields that have higher miss parameters and O2-release
kinetics that are substantially slowed compared to wild type.121

In Chlamydomonas reinhardtii, the D1-R334K and D1-R334N
mutations also result in altered miss parameters compared to
wild type.40 Several of the changes in the S2-minus-S1 FTIR
difference spectrum of D1-R334A PSII core complexes
resemble those observed previously with the mutant D1-
D61A,53 particularly the elimination of the negative feature at
1522(−) cm−1 and the substantial decrease in amplitudes of the
features at 1588(+), 1543(−), and 1509(+) cm−1.53 Similar
changes (i.e., the elimination of the 1522(−) cm−1 feature and
the substantial decrease in amplitudes of the features at
1588(+) and 1509(+) cm−1) have also been observed in
mutants D2-K317A, D2-K317Q, and D2-K317E.89 Mutations
D1-D61A and D1-D61N result in O2 flash yields that have
higher miss parameters than wild type and decrease the rate of
O2 release 8- to 33-fold, respectively.122−124 Mutations of D2-
Lys317 result in O2 flash yields that have higher miss
parameters and decrease the rate of O2 release 2- to 3-fold.89

This residue is located in the same network of hydrogen bonds
as D1-D61, D1-E65, D2-E312, and D1-R334 and coordinates
to the Cl− ion1 that is located near D1-D61.89,125 The
elimination of the same 1522(−) cm−1 feature by the mutations
D1-D61A, D2-K317A, and D1-R334A shows that mutating D1-
D61, D2-K317, or D1-R334 to a nonprotonatable residue
causes similar changes in the response of the polypeptide
backbone to the positive charge that develops on the Mn4CaO5
cluster during the S1 to S2 transition, consistent with all three
residues participating in a common structural element.
D1-Q165E Mutation. The D1-Q165E mutation introduces

perturbations throughout the amide and carboxylate stretching
regions of the S2-minus-S1 FTIR difference spectrum and
slightly decreases the apparent efficiencies of the S3 to S0 and S0
to S1 transitions. This residue is located in close proximity to
the Mn4CaO5 cluster, with the carbonyl group of its side chain
apparently forming a hydrogen bond with W4, one of the two
water molecules that ligate to the Ca ion (Figure 1).
Consequently, the introduction of a new carboxylate group at
this position could alter the νsym(COO

−) and νasym(COO
−)

modes of nearby carboxylate residues (e.g., D1-E189) and alter
the response of the protein environment to the charge that
develops on the cluster during the S1 to S2 transition. The
numerous mutation-induced alterations to the S2-minus-S1
spectrum are consistent with this expectation. Of particular
importance to this study, the D1-Q165E mutation does not
alter the negative 1746 cm−1 feature in the S2-minus-S1
spectrum but nearly eliminates the positive 1746 cm−1 feature
from the S3-minus-S2 spectrum (see the right traces of Figure
10). The latter feature is also eliminated by mutations D1-
D61A, D1-E65A, D1-E329Q, and D2-E312A.53 The elimi-
nation of this feature by the D1-D61A, D1-E65A, and D2-
E312A mutations might be caused by an increase in the miss
parameter in these mutants. In contrast, the efficiencies of the
S-state transitions appear to be unaltered by the D1-E329Q
mutation.53 Consequently, we conclude that D1-Q165 and D1-
E329 participate in a common network of hydrogen bonds and
that mutation of either residue eliminates the positive 1746
cm−1 feature from the S3-minus-S2 spectrum by disrupting this
network. Because the side chain of D1-E329 is located
approximately 13 Å from the side chain of D1-Q165, this
network must extend at least 13 Å across face of the Mn4CaO5
cluster opposite from the D1-E65/D2-E313/D1-R334 triad.
Because D1-E329 also participates in a network of hydrogen

bonds that includes D1-D61 and the D1-E65/D2-E312/D1-
R334 (ref 53 and this work), this proposed network is quite
extensive. It is an open question whether elements of this
proposed network exist only transiently. The participation of
D1-Q165 in such an extensive network of hydrogen bonds is
expected on the basis of the 1.9 Å structural model.1,10 In this
model, W4 forms hydrogen bonds with both D1-Gln165 and
the phenolic oxygen of YZ (D1-Tyr161) and participates in an
extensive network of hydrogen bonds that extends across the
Mn4CaO5 cluster and via the Cl− ion1 and D2-K317 to the
lumenal surface. This network includes D1-E189 and several
water molecules including W3, the other water ligand of the Ca
ion, and W2, one of two water ligands of the dangling MnA4
ion. A possible role for D1-Q165 in a channel consisting of an
extensive network of hydrogen bonds had suggested on the
basis of analyses conducted before the 1.9 Å structural model
became available.36,42,44

D2-E307Q, D2-D308N, D2-E310Q, and D2-E323Q
Mutations. In the 1.9 Å structural model,1,10 D2-E310 and
D2-D308 participate in a network of hydrogen bonds that
extends from the D1-E65/D2-E312/D1-R334 triad to the
thylakoid lumen, with D2-E307 located nearby (Figure 1). The
residue D2-E323 lies along a separate network of hydrogen
bonds that also extends from the D1-E65/D2-E312/D1-R334
triad. The possible participation of these residues in networks
of hydrogen bonds functioning in proton-egress channels has
been noted by others on the basis of analyses of the 1.9 Å
structural model1,39 and had been noted earlier on the basis of
analyses of the earlier 2.9 Å structural model.36,44 Because the
mutations D2-E310Q, D2-D308N, D2-E307Q, and D2-E323Q
cause relatively few alterations to the Sn+1-minus-Sn FTIR
difference spectra, we conclude that the carboxylate groups of
these four residues are largely insensitive to the structural
perturbations that accompany the oxidations of the Mn4CaO5
cluster during the S-state cycle. Because the four mutations
appear to have little or no effect on the 1746 cm−1 features in
these spectra, we conclude that the these four residues are
located far from the three unidentified carboxylate groups
giving rise to these features.

Possible Identities of the Carboxylate Groups. We
have presented evidence (here and in ref 53) that the 1746(−)
cm−1 feature in the S2-minus-S1 FTIR difference spectrum
corresponds to a carboxylate group whose pKa value decreases
during the S1 to S2 transition. The structural response of PSII to
the charge that develops on the Mn4CaO5 cluster during this
transition presumably is transmitted electrostatically and
through networks of hydrogen bonds. We have proposed that
this structural response alters the environment of the
carboxylate group responsible for the 1746 cm−1 feature,
causing its pKa value to decrease.53 Because this feature is
eliminated by the mutations D1-E65A, D2-E312A, and D1-
E329Q, we have proposed that D1-Glu65, D2-Glu312, and D1-
Glu329 participate in the same network of hydrogen bonds as
the carboxylate group responsible for the 1746(−) cm−1 feature
and that the mutation of any of these three residues to a
nonprotonatable residue disrupts the network sufficiently that
the structural perturbations associated with S1 to S2 transition
are no longer transmitted to this carboxylate, thereby
eliminating the 1746 cm−1 feature.53 The carboxylate group
that corresponds to this feature could be the side chain of D1-
Glu65, D2-Glu312, or D1-Glu329 or another carboxylate
residue located in the same proposed network of hydrogen
bonds. It is not D1-D61 because the D1-D61A mutation does
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not eliminate the feature. Some constraints on the location of
the unidentified carboxylate residue are provided by our finding
that the feature is unaltered by the D1-Q165E, D2-E307Q, D2-
D308N, D2-E310Q, and D2-E323Q mutations. Because D1-
Q165 is located across the Mn4CaO5 cluster from D1-D61 and
the D1-E65/D2-E312/D1-R334 triad, and because D2-E307,
D2-D308, D2-E310, and D2-E323 lie even farther from the
Mn4CaO5 cluster, we conclude that the unidentified carboxylate
residue must be D1-E65, D2-E312, a residue in their vicinity, or
a residue between the D1-E65/D2-E312/D1-R334 triad and
D1-E329 (our reason for provisionally excluding D1-E329 is
given in the next paragraph). One possibility is D1-D59. The
closest distance between the carboxylate oxygens of this residue
and those of D1-E65 is 6.9 Å.
In this study, we also present evidence that the 1746(+) cm−1

feature in the S3-minus-S2 FTIR difference spectrum corre-
sponds to a second carboxylic acid group, one whose pKa value
increases during the S2 to S3 transition. The structural response
of PSII to the geometric changes in the Mn4CaO5 cluster that
accompany this transition25,108−110 presumably is transmitted
through networks of hydrogen bonds, altering the environment
of the carboxylate group responsible for the 1746(+) cm−1

feature and causing its pKa value to increase. We propose that
D1-Q165 and D1-E329 participate in a common network of
hydrogen bonds and that mutation of either residue eliminates
the positive 1746 cm−1 feature from the S3-minus-S2 spectrum
by disrupting this network. The D1-Q165E mutation’s
disparate effect on the 1746 cm−1 features in the S2-minus-S1
and S3-minus-S2 spectra provides a constraint on the identity of
this second carboxylate residue: it must be located closer to D1-
Q165 than to the D1-E65/D2-E312/D1-R334 triad. One
possibility is D1-E329 itself. The mutation D1-E329Q would
then eliminate the 1746(+) cm−1 feature from the S3-minus-S2
spectrum directly and eliminate the 1746(−) cm−1 feature from
the S2-minus-S1 spectrum by disrupting the network of
hydrogen bonds discussed earlier in connection with the D1-
R334A mutation.
We have also presented evidence that the derivative-shaped

1751(+)/1743(−) cm−1 feature in the S1-minus-S0 spectrum
corresponds to a of a third carboxylic acid group whose
environment changes during the S0 to S1 transition. This
feature appears to be eliminated by the D1-E329Q mutation53

but is only slightly perturbed by the D1-Q165E mutation (this
work). It may correspond to another of the carboxylate groups
in or near the D1-E65/D2-E312/D1-R334 triad.

■ SUMMARY AND CONCLUSIONS
We propose that the features observed in the ν(CO) regions
of the Sn+1-minus-Sn FTIR difference spectra of wild-type PSII
core complexes from Synechocystis sp. PCC 6803 arise from
three separate carboxylic acid groups. The pKa value of one
decreases in response to the increased charge that develops on
the Mn4CaO5 cluster during the S1 to S2 transition, the pKa
value of a second increases in response to the changes in the
Mn4CaO5 cluster’s geometry that occur during the S2 to S3
transition, and the environment of a third becomes altered
during the S0 to S1 transition in a manner that does not change
this group’s pKa value. We have obtained experimental evidence
that D1-R334 forms part of the same dominant proton-egress
pathway as D1-D61, D1-E65, and D2-E312 and that D1-Q165
participates in an extensive network of hydrogen bonds that
that extends across the Mn4CaO5 cluster to the D1-E65/D2-
E312/D1-R334 triad that includes several water molecules

including the W2 and W3 water ligands of the MnA4 and Ca
ions, respectively. Finally, we conclude that D2-E307, D2-
D308, D2-E310, and D2-E323 are located far from the three
unidentified carboxylate groups that give rise to the ν(CO)
features in the FTIR difference spectra.
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